

























































Segregation of Dispersed Silica Nanoparticles in
Microfluidic Water-in-Oil Droplets: A Kinetic Study
Sahana Sheshachala,[a] Maximilian Grösche,[a] Tim Scherr,[b] Yong Hu,[a] Pengchao Sun,[a]
Andreas Bartschat,[b] Ralf Mikut,[b] and Christof M. Niemeyer*[a]
Dispersed negatively charged silica nanoparticles segregate
inside microfluidic water-in-oil (W/O) droplets that are coated
with a positively charged lipid shell. We report a methodology
for the quantitative analysis of this self-assembly process. By
using real-time fluorescence microscopy and automated analy-
sis of the recorded images, kinetic data are obtained that
characterize the electrostatically-driven self-assembly. We dem-
onstrate that the segregation rates can be controlled by the
installment of functional moieties on the nanoparticle’s surface,
such as nucleic acid and protein molecules. We anticipate that
our method enables the quantitative and systematic investiga-
tion of the segregation of (bio)functionalized nanoparticles in
microfluidic droplets. This could lead to complex
supramolecular architectures on the inner surface of micro-
meter-sized hollow spheres, which might be used, for example,
as cell containers for applications in the life sciences.
1. Introduction
The self-assembly of materials in microfluidic environments has
become a key technology in recent years to explore the
fundamentals of supramolecular processes and to develop
advanced processing tools for fabrication and integration of
materials systems.[1–2] An emerging technology for
supramolecular materials assembly is based on the sequence-
specific binding properties of nucleic acids.[3] This vibrant field
of research, now known as DNA nanotechnology, has become
one of the most critical research areas at the interface of
chemistry, materials science, biotechnology, and nanotechnol-
ogy over the last 35 years.[4–10] Despite this impressive progress
in the dissemination of methods and concepts from DNA
nanotechnology, there is still a great need to integrate nano-
scopic DNA structures into larger functional units to enable
applications in complex material systems.[10]
In order to bridge the size regime of individual DNA
nanostructures with that of micrometer- and millimeter-sized
units, the segregation of DNA components in vesicular super-
structures was recently reported. For example, Kurokawa et al.
have demonstrated that batch-produced droplets can be
stabilized by assembling Y-shaped DNA oligomers on the inner
surface of architectures in microfluidic droplets to enable
applications at the cationic lipid membrane vesicles. Sequence-
specific assembly of the DNA strands leads to the formation of
a thin polymeric DNA shell that increases the interfacial tension,
elastic modulus, and shear modulus of the droplet surface.[11]
Likewise, microfluidically produced water-in-oil (W/O) droplets
were recently used to assemble DNA architectures at the inner
surface of the droplets taking advantage of DNA hybridization
events[12] or electrostatic interactions.[13] Furthermore, the elec-
trostatic assembly of negatively charged silica nanoparticles,[14]
gold nanoparticle-modified surfactants, and biomolecule-modi-
fied gold nanoparticles[15–16] at the inner interface of W/O
droplets has been used to produce mechanically stabilized
droplets that can be exploited as containers for biomolecules
and cells.
While the examples mentioned above show that the
demixing of dispersed colloidal and macromolecular compo-
nents by electrostatic interaction with complementary polarized
interfaces works efficiently and has a high potential for
applications, so far, very little has been reported about the
kinetics of these segregation processes. Here we report on a
methodology for the systematic analysis of particle segregation
processes in microfludically produced W/O droplets using real-
time fluorescence measurements (Figure 1). In our method,
fluorescently labeled silica nanoparticles are mixed in a
dispersed aqueous phase via a flow-focusing junction with a
continuous phase of mineral oil and positively charged
detergents to produce W/O droplets. Individual droplets are
imaged in stop-flow mode with a high-speed camera, and the
acquired 2D images are automatically processed using a newly
developed MATLAB pipeline to generate fluorescence signal
distribution profiles inside the droplets from which quantitative
kinetic data can be extracted. By using silica nanoparticles,
which have a variable zeta potential and are functionalized with
different biomolecular ligands, we demonstrate that the
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segregation velocity is mainly influenced by the electrostatic
attraction between the particles and the droplet interface. We
believe that our work contributes to a better understanding of
the self-assembly processes of complex colloidal systems at
interfaces and thus to the development of novel self-assembled
architectures in microfluidic droplets to enable applications at
the interface between materials science, chemistry, and biology.
2. Results and Discussion
2.1. Experimental Setup
To analyze the phase segregation behavior of colloidal SiNP in
microfluidic droplets, we used an in-house developed setup
that enables generation and monitoring of microfluidic droplets
employing real-time fluorescence microscopy imaging. The
workflow is shown in Figure 2. An aqueous dispersion of
spherically shaped core/shell SiNP (about 90 nm in diameter, as
analyzed by TEM, Figure S1 in the Supporting Information)
containing a Cy5-fluorescently labeled core was used as a
dispersed phase, and mineral oil (MO) supplemented with
positively charged 1,2-Dioleoyl-3-trimethylammonium-propane
(DOTAP) lipid supplemented with 0.1 mol% of 1,2-dimyristoyl-
sn-glycero-3-phosphoethanolamine-N-(lissamine rhodamine B
sulfonyl) (Rh-PE) was employed as the continuous phase to
generate monodisperse water in oil (W/O) droplets. The two
reagent solutions were injected into the inlets of a microfluidic
chip made of poly (methyl methacrylate) (PMMA), fabricated by
micro-milling, as previously reported.[17] By controlling the
flowrates of the aqueous and continuous phase, highly
monodispersed W/O droplets of about 180–200 μm diameter
were generated with the microfluidic flow-focusing chip. For
further analysis, the generated SiNP/DOTAP droplets were then
stored in an on-chip storage chamber (OCS).[18]
To analyze the segregation of the dispersed SiNP on the
inner surface of the positively charged DOTAP droplets, the
microfluidic flow was stopped to enable observation of the
generated droplet before it enters the OCS chamber. Typically,
about 60 images of the droplet were captured at a 10-second
interval for a 10-minute duration. The obtained images were
directly fed into a newly developed MATLAB pipeline (see
Section 2.3) specifically designed for automatic detection and
quantitative analysis of the fluorescence droplets.
2.2. Segregation of SiNP in DOTAP W/O Droplets
To utilize SiNP colloidal systems for studying the phase
segregation process, we synthesized bare silica nanoparticles
(SiNP-1) using the modified Stoeber method.[19–20] Moreover,
three different SiNP [SiNP-2 (amine), SiNP-3 (BSA), and SiNP-4
(F9), cf. Figure 3] were synthesized by grafting surface func-
tional groups (amine, BSA, and DNA) on bare silica nano-
particles (SiNP-1) using a post functionalization method, as
previously described.[21] The nanoparticles were fully character-
ized with respect to their size, surface charge, and functional
group density (Figure S1). We found that the various nano-
particles displayed excellent colloidal stability in aqueous
solutions, which is an essential prerequisite for the intended
segregation studies inside the W/O droplets.
Figure 3 shows representative fluorescence images of the
W/O droplets generated with the four different SiNP. The
images were taken immediately after production (upper row of
images, in Figure 3) or after 10 min of incubation subsequent to
production (bottom row). The corresponding fluorescence
intensity lines are plotted on top of the droplet images (pink
curves, in Figure 3). The diffusion of the SiNP to the inner
surface of the droplet is evident by an increase in the
fluorescence intensity at the droplet edge (IE) at the expense of
the fluorescence intensity at the center (IC) of the droplet
(Figure 3a).
SiNP-1 (Zeta potential ζ=   32 mV) and DOTAP are oppo-
sitely charged[22] and hence diffuse towards the positively
charged inner surface of the droplet. As indicated in Figure 3a,
this process is clearly evident by comparison of the line profiles
obtained from droplets filled with dispersed SiNP-1 at variable
time points. However, notable fluorescence intensity can also
Figure 1. Schematic representation of the workflow for quantitative assessment of the segregation kinetics of dispersed colloidal silica nanoparticles (SiNP,
red) within water-in-oil droplets (green) produced in a microfluidic droplet generating flow-focusing junction structure. The SiNP are injected in the aqueous
dispersed phase, whereas mineral oil supplemented with fluorescently labeled positively charged lipid DOTAP (green formula) was used as the continuous




1071ChemPhysChem 2020, 21, 1070–1078 www.chemphyschem.org © 2020 The Authors. Published by Wiley-VCH Verlag GmbH & Co. KGaA
Wiley VCH Dienstag, 05.05.2020


























































be detected in the droplet’s center, suggesting that not all
nanoparticles have adhered to the phase boundary of the
droplet. This observation was confirmed by extending the
measurement time up to 20 min, which did not lead to
significant changes in the line profile (data not shown). In
contrast to SiNP-1, a uniform fluorescence intensity throughout
the entire droplet was observed for SiNP-2 (amine) (ζ= +
22 mV) and SiNP-3 (BSA) (ζ=   28 mV), with no indication of
segregation underneath the DOTAP lipid within the measured
time. This fact is clearly indicated by the respective line profiles
obtained from the droplets (Figure 3b, c). In the case of SiNP-2
(amine), this diffusion behavior was expected since particles
and membrane are both positively charged; thus, electrostatic
repulsion should prevent the particles from adhesion on the
membrane. On the other hand, the behavior of SiNP-3 (BSA)
was somewhat unexpected since the particles have a net
negative surface charge (ζ=   28 mV). The isoelectric point of
BSA is 4.5–5. While the protein, therefore, has an overall
negative charge at pH 6.5, there are also positively charged
domains on the surface, and this might be the reason why no
strong electrostatic attraction occurs between SiNP-3 (BSA) and
the positively charged lipid membrane of the W/O droplets.
Furthermore, negligible electrostatic attraction between BSA
and DOTAP has previously been observed at measured
pH 6.5.[23] We, therefore, conclude that the physisorbed BSA
molecules on the particle’s surface effectively screen the
negative charge of SiNP-1,[24] thereby resulting in a weak
interaction between SiNP-3 (BSA) and the DOTAP shell.
In the case of the DNA oligonucleotide-modified SiNP-4, we
observed that the fluorescence intensity is rapidly concentrated
at the droplet boundary, leaving behind only negligible
amounts of the fluorescent particles in the inner part of the
droplet volume (Figure 3d, see also Figure S2). This observation
suggests a strong electrostatic interaction between the neg-
atively charged SiNP-4 and the positively charged DOTAP shell,
which is in agreement with earlier studies on the electrostatic
formation of similar assemblies that employ DNA
molecules.[11–13]
Figure 2. Workflow of the experimental setup for real-time fluorescence measurement of microfluidic water-in-oil (W/O) droplets. (1) Flow controller, (2)
Scheme of the microfluidic chip used to produce the W/O droplets, containing inlets for the continuous (a) and dispersed (b) phase, the flow-focusing
junction (c), and an OCS chamber (d). The symbols illustrate the arrangement of the light source (3) and the optical path for brightfield and fluorescence
imaging (4). Data analysis using a newly developed MATLAB pipeline (5) allows extracting intensity line profiles across the diameter of individual droplets (6).
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2.3. Image Analysis Pipeline for Quantitative Analysis of
Segregation Kinetics
Although all SiNP [except SiNP-2 (amine)] have negative zeta
potential values (Table 1), we observed that their ability to self-
assemble underneath the lipid layer varies from one to another
when used at the same concentration. This suggests that not
only the electrostatic forces but also other properties of the
particles do influence the self-assembly of the SiNP/DOTAP
layered architecture. To further elaborate on this phenomenon,
we developed a MATLAB-based analysis pipeline that allows the
automated extraction of quantitative kinetic data from the
recorded microscopy images of the droplets, i. e., the
fluorescence intensity at the droplet edges relative to the
intensity in the droplet‘s center is determined over time (IE, and
IC, respectively, see Figure 3a).
Figure 4 shows the main steps for the evaluation of a single
droplet. After an Otsu-based droplet detection and
segmentation,[25], the droplet is divided into concentric circles
of 3-pixel thickness. The mean and the standard deviation of
the intensity within each concentric circle are calculated to get
radial intensity profiles, which are interpolated using cubic P-
splines.[26] The edge intensity IE is obtained as the interpolated
intensity value of the outer local maximum, whereas the center
intensity IC is the P-spline value at zero distance. In the last step,
the asymptotic model f(t)=a  b*e (  c t) with the parameters a, b,
and c is fitted to the normalized intensity ratios IE/IC of different
times (for further details, see Figure S3). The “T1/2”-time at which
half of the material in the liquid phase is deposited at the
Figure 3. Schematic illustration of four different SiNP bearing variable functional groups and ligands on their surface: (a) bare SiNP-1, (b) amine-functionalized
SiNP-2, (c) BSA-coated SiNP-3, and (d) DNA-functionalized SiNP-4. The representative fluorescent micrographs below were taken 10 s (top row) or 10 min
(bottom row) after droplet generation. The corresponding fluorescence intensity profiles are shown in pink. Scale bar represents 100 μm.






T1/2 [min] Slope at
T1/2 =kS
[min  1]
none SiNP-1   31.2�4.5 0.36�0.02 1.08�0.19
amine SiNP-2 +22.1�4.2 N.A N.A
BSA SiNP-3   28.5�3.8 N.A N.A
DNA (6-
mer)
SiNP-46   34.8�1.5 2.27�0.05 0.12�0.01
DNA (22-
mer)
SiNP-422   38.1�2.6 1.02�0.02 0.21�0.01
DNA (40-
mer)
SiNP-440   41.6�2.8 0.51�0.02 0.37�0.02
DNA (22-
mer)
MSN-DNA   36.7�3.6 1.80�0.05 0.16�0.01
F9-STV SiNP-4(cF9@
F9-STV)
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interface (blue lines, in Figure 4) is calculated using the fit
parameters. Furthermore, the slope of the curve at t=T1/2 is
calculated using the first derivative of the asymptotic model to
yield the kinetic constant ks, which represents the rate at which
SiNP diffuse towards the inner boundary of the droplet.
Each individual droplet image of an experiment was
processed with this pipeline. The resulting T1/2 times and the
corresponding slopes kS of an experiment were then averaged
to quantitatively map the segregation kinetics of various SiNP
inside the DOTAP droplets. The reliability of the automated
image processing was confirmed by comparison with
fluorescence intensity profiles generated manually by using the
software provided by the microscope manufacturer (Figure S4).
2.4. Quantitative Analysis of the Segregation Kinetics of
SiNP/DOTAP Droplets
Using the MATLAB pipeline to analyze the data obtained from
the various particles SiNP-1-4 (Figure 3) showed that no mean-
ingful results were generated for particles that did not
accumulate under the DOTAP shell [SiNP-2(amine), SiNP-
3(BSA)]. As expected, the IE/IC ratio of these particles remained
unchanged throughout the measurement time due to their
uniform distribution in the droplet. In contrast, MATLAB analysis
of the segregation of unmodified SiNP-1 showed a fast increase
in the IE/IC ratio and reached a constant regime rapidly, resulting
in lower T1/2 (0.36 min) and high slope kS (1.08 min
  1) values
than other SiNP (Table 1). However, as indicated by the line
Figure 4. Graphical representation of the individual analysis steps conducted by the MATLAB pipeline for determining fluorescence intensity profiles of a
single droplet. After detection and segmentation (1), a droplet is divided into concentric circles (2, shown is only each fifth circle). The resulting radial intensity
profiles are interpolated, and IC and IE are calculated (3). The errors of the radial intensities result from the intensity variations within a concentric circle
(standard deviation of the N pixels of a concentric circle) and are propagated to the normalized intensity ratios (see Figure S3). The last step (4) includes the
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profiles, a significant percentage of remaining fluorescence
intensity was also detected inside the droplet volume (Fig-
ure 3a). This observation suggests that SiNP-1 rapidly saturated
the inner surface of the droplet, thereby effectively shielding
the positively charged lipid layer and preventing complete
segregation. This also explains the observation that the IE/IC
ratio rapidly reached a constant regime (Figure S5a).
The DNA coated particles SiNP-4, which contained about 80
copies of a 22 mer oligonucleotide on their surface, showed a
very sharp segregation (Figure 3d). Thus, we wanted to use the
same type of particles to test the precision of our analytical
method. To this end, we synthesized a small series of SiNP that
contained oligonucleotides of different lengths (6, 22, or
40 mer), resulting in particles denoted as SiNP-46, SiNP-422, or
SiNP-440, respectively. As indicated by experimental data, the
amount of oligonucleotides grafted on the surface of SiNP-46 to
SiNP-440 was almost identical, whereas their hydrodynamic radii
and zeta potential increased with the increasing length of the
oligonucleotides (Figure S1). Analysis of their segregation
kinetics showed an asymptotic behavior for all the three
different particles (Figure S5). The obtained data of T1/2 and
segregation kinetic constant kS are graphically represented as
box plots in Figure 5. It is immediately evident that segregation
velocity increases with oligonucleotide length and, thus, the
zeta potential of the individual particles (Table 1).
While it seems reasonable that the higher negative surface
potential is the primary driver of the assembly process, it should
also be considered that longer oligonucleotides, due to their
higher flexibility, can adapt more effectively to a lipid mono-
layer than shorter DNA molecules.[27] Hence, these results
suggest that the increased negative charge and flexibility of
longer DNA strands influence the time scales of electrostatic
interaction with the DOTAP lipid and also the segregation
kinetics inside the droplet.
To further demonstrate the utility of our method we also
investigated the influence of SiNP concentration on the
segregation kinetics and the thickness of the resulting boun-
dary layer of the droplet (Figure S6). To this end, the
concentration of SiNP-422 was varied from 4 mg/mL to 0.4 mg/
mL, and the kinetics, as well as the layer thickness, were
determined. Similar T1/2 and ks values indicated that the particle
concentration does not significantly affect the initial rate of
segregation. However, as expected, the thickness of the
resulting SiNP/DOTAP shell varied from about 2.9 to 0.8 μm for
SiNP-422 concentrations of 4 mg/mL to 0.4 mg/mL, respectively.
Given the size of a single SiNP of about 90 nm, these data
suggest that the NPs assemble into multilayers underneath the
DOTAP shell.
We also investigated the influence of ion strength of the
solvent by using phosphate-buffered saline (PBS) buffer con-
taining 100 mMNaCl. Since the previously used nanoparticles
were unstable under these conditions, we synthesized SiNP of
similar size by a reversed micellar method, which were
stabilized by polyethylenglycol (PEG) groups, as previously
described.[36] The resulting PEG-SiNP-422 contained similar
amounts of oligonucleotides grafted on their surface and had a
similar zeta potential as the regular SiNP-422 used before
(Figure S7). Comparision of segregation kinetics indicated that
shell formation occurs in PBS (T1/2=1.6 min, kS=0.14 min
  1),
however, much slower than in water (T1/2=0.9 min, kS=
0.19 min  1). These results are consistent with the difference in
zeta potential of PEG-SiNP-422 in PBS or water (  21 mV as
compared to   38.5 mV, respectively), thereby indicating that
ions in the buffer can affect or even shield the charge on the
droplet’s inner interface and/or on the negatively charged
particles (Figures S7, S8).
To further elaborate on the segregation kinetics, we used
the DNA-directed immobilization of a covalent conjugate
comprised of the protein streptavidin and a 22-mer oligonu-
cleotide complementary to the DNA grafted on SiNP-422. The
resulting particles denoted as SiNP-4(cF9@F9-STV) showed
similar segregation as observed for the DNA-modified SiNP
Figure 5. Box plots of T1/2 and kinetic constant kS determined for SiNP-4 modified with oligonucleotides of different lengths (6,22,40 mer). Median, mean,




1075ChemPhysChem 2020, 21, 1070–1078 www.chemphyschem.org © 2020 The Authors. Published by Wiley-VCH Verlag GmbH & Co. KGaA
Wiley VCH Dienstag, 05.05.2020


























































(Table 1, see also Figure S9). However, quantitative data analysis
revealed that no significant change in the kinetics (Table 1)
resulted from the hybridized protein conjugate, as indicated by
the fact that T1/2 and kS are similar to SiNP-422. This suggests
that the low amounts of approximately 35 conjugate molecules
anchored on the particles are insufficient to significantly affect
the particle’s segregation kinetics. Indeed, this hypothesis is
supported by the almost unchanged ζ value (Figure S1). This
result is of great importance for further developments in the
segregation-driven assembly of materials because the imple-
mentation of DNA-directed immobilization of DNA-protein
conjugates[28] opens up countless possibilities. For example,
antibodies or other ligands could be spatially organized by
means of SiNP at the inner surface of microfluidic droplets, thus
leading to micrometer-sized hollow bodies, which could be
used as containers for biomolecules or cells.
We also established, as a proof-of-concept, that other types
of DNA-modified silica nanoparticles can be analyzed by our
method. Specifically, we confirmed that mesoporous silica
nanoparticles (MSN) modified with single-stranded DNA
oligomers on their surface,[29] here denoted as MSN-DNA
(Table 1), can as well be employed in the self-assembly process
at the inner surface of DOTAP droplets (Figure S10). Since MSN
can be used as nanocontainers for targeted delivery of small
molecules, these results open up further perspectives for the
development of highly functional supramolecular architectures
within microfluidic droplets, which could be used, for example,
for the cultivation and analysis of cells.
3. Conclusions
We here report a methodology for the quantitative analysis of
the segregation of dispersed silica nanoparticles inside micro-
fluidic water-in-oil (W/O) droplets. By using real-time
fluorescence microscopy and automated analysis of the
recorded images, kinetic data were obtained that characterize
the self-assembly of negatively charged nanoparticles under-
neath the positively charged lipid layer of the W/O droplets.
Using this methodology, we could show that the segregation
rates can be controlled by manipulation of the nanoparticle’s
surface properties.
Our results show that this process is mainly driven by
electrostatic interaction; however, it is also evident that addi-
tional interactions occurring between the lipid layer at the
droplet interface and particle-bound surface groups, such as
BSA moieties or DNA strands of different lengths, can have an
influence on the segregation kinetics. Phase segregation
processes of materials inside confined environments has been
studied using polymers, nanocomposites, and bio-functional
moieties.[12–16,30] However, to the best of our knowledge, no
quantitative and systematic study of nanoparticle segregation
inside microfluidic droplets has yet been reported. We believe
that our method will contribute to the further refinement of
this approach in order to enable a variety of applications in the
life sciences, such as the fabrication of cell containers for miRNA




Tetraethyl orthosilicate (99%, TEOS, Merck), (3-mercaptopropyl)
trimethoxysilane (95%, MPTMS, Merck), N1-(3-trimethoxysilylpropyl)
diethylenetriamine) (DETAPTMS, Merck), (3-aminopropyl) trieth-
oxysilane (99%, APTES, Merck) 2,2’-Dithiodipyridine (DTDP, Merck),
Ethanol anhydrous (Merck). Bovine Albumin Serum (BSA) (Alfa
Aesar), Triethanolamine (TEA, 99%, Merck), 1,2-dioleoyl-3-trimeth-
ylammonium-propane (DOTAP chloride salt, Avanti Polar Lip-
ids),1,2-dimyristoyl-sn-glycero-3-phosphoethanolamine-N-(lissamine
rhodamine B sulfonyl) (Rh-PE ammonium salt, Avanti Polar Lipids),
Mineral oil (Carl Roth), Sulfo-cyanine 5 NHS-ester (Lumiprobe),
Dithiothreitol (DTT, VWR chemicals). Ammonium hydroxide (25%,
Merck), Sodium Chloride (NaCl, VWR chemicals),Fluorescamine
(98%,Merck), Tris(2-carboxyethyl)phosphine hydrochloride solution
(TCEP, 0.5 M, Merck). Sodium-dihydrogen phosphate (Roth), Diso-
dium hydrogen phosphate (Merck).
Synthesis of SiNP-1
The Stoeber particles SiNP-1 were prepared according to an
adapted procedure of the Wiesner group.[33] Typically, 2-propanol
(54.5 mL) and water (36 mL) were mixed and thoroughly stirred at
70 °C for 1 h, followed by addition of TEOS (1mL), ammonium
hydroxide (25%, 6 mL) and APTES  Cy5 conjugate (250 μL, 5 mg/mL
in EtOH). APTES  Cy5 was prepared by mixing cyanine 5 NHS-ester
with APTES (10 eq.) in anhydrous EtOH for 12 h and used without
further purification. After one hour of reaction, a fresh portion of
TEOS (0.5 mL) was added and stirred for an additional 60 min.
Following, Cy5-SiNP were purified by centrifugation in water five
times. The products were resuspended in Milli-Q water to obtain a
stock solution with a final concentration of 10 mg/mL. The stock
solution was stored in ethanol until further use. Methodologies and
results of the quantification of functional groups (i. e. amine groups
(SiNP-2), BSA (SiNP-3), and ssDNA (SiNP-4) are indicated in
Figure S1.
Synthesis of SiNP-2 (amine)
For the amine group conjugation, SiNP-1 (1 mL, 5 mg/mL) were
dispersed in ethanol: water mixture (9 :1), followed by the addition
of 50 μL of DETAPTMS solution and stirring for 24 h. The obtained
particles were purified with ethanol and water and stored as
described above.
Synthesis of SiNP-3 (BSA)
For the attachment of the BSA solution, we followed a slightly
modified protocol from Foldbjerg et al.[34] Typically, SiNP-1 (2 mg/
mL) were dispersed in 10 mMNaCl solution containing 20 mg/mL
BSA at pH 4 and incubated at 4 °C for 24 h. BSA adsorbed particles
were purified several times with water to remove loosely bound
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For the covalent attachment of DNA, SiNP-1 was first modified with
MPTMS to install thiol groups on their surface using a previously
reported method.[21] In brief, SiNP-1 were dispersed in ethanol
(1 mL,10 mg/mL), followed by the addition of TEA (5 μL) and
MPTMS (80 μL) The mixture was stirred at 60 °C to obtain thiolated
particles. These particles (10 mg/mL in ethanol) were mixed with
DTDP (50 mg/mL, 500 μL) and stirred overnight at RT to generate
pyridine activated particles. After washing with ethanol for five
times, the particles were transferred to water and mixed with thiol-
modified oligonucleotides (10 nmol) of variable length and se-
quence (see Table S1). After incubation overnight at RT and
purification with water, the resulting SiNP-46, SiNP-422, SiNP-440
were obtained. For the activation of thiolated oligonucleotides
(100 μL,100 μM), they were incubated with DTT (60 μL, 1 M, 37 °C)
for two hours. The oligonucleotides were then purified with NAP-5
and NAP-10 column according to a previously described
procedure.[29]
Synthesis of PEG-SiNP-422
PEG-SiNP-422 were synthesized using the previously described
protocol.[36] The resulting pegylated nanoparticles were stored
either in water or PBS buffer for further use.
Synthesis of MSN-DNA
For the synthesis of MSN-DNA, MSN grafted with thiol groups were
synthesized and modified with thiolated oligonucleotides (22 mer,
Table S1) using the previously reported protocol.[29] The resulting
MSN-DNA were stored in water until further use.
Synthesis of SiNP-cF9@F9-STV
SiNP-cF9 was synthesized using same method as SiNP-4 (see
above). The DNA-streptavidin conjugate F9-STV was synthesized
according to established protocols.[35] For hybridization, F9-STV
conjugate (210 μL, 8 μM in PBS buffer) was mixed with SiNP-cF9
(10 mg/mL, 200 uL) in PBS buffer (pH=7.4) and allowed to hybrid-
ize overnight at room temperature. The resulting SiNP-cF9@F9-STV
particles were washed with water for three times.
Physiochemical characterization of SiNP
The hydrodynamic size and zeta potential of SiNP were analyzed at
room temperature using a Malvern Zetasizer, Nano ZSP, equipped
with a standard 633 nm laser. Transmission electron microscopy
(TEM, EM910, Carl Zeiss) was used to measure the size of the
nanoparticles.
Quantification of functional groups
The quantification of amine (SiNP-2) and thiol (SiNP-4) groups was
achieved by the fluorescamine assay and Ellman’s assay, respec-
tively, using the previously described protocol.[36] The conjugated
oligonucleotides and BSA were quantified using the supernatant
depletion method by measuring the absorbance of the supernatant
at 260 nm (for DNA) and 280 nm (for BSA) before and after the
conjugation reaction.[29]
Microfluidic generation of SiNP/DOTAP droplet
For generating SiNP/DOTAP water in oil droplets, particles were
dispersed in Milli-Q water using a concentration of 4 mg/mL, and
DOTAP was dissolved in mineral oil at 4 mM concentration. The
flowrates used were 0.1 μL/min and 4.5 μL/min for the dispersed
and continuous phase, respectively. To obtain fluorescence images
of the droplets, the inlet flow was stopped to halt the droplet
before it enters the storage chamber, approximately 5–8 seconds
after the droplet was generated in the flow-focusing junction.
Fluorescent images were taken every 10 seconds for a total of
10 minutes using a Zeiss Observer microscope. Droplet generation
was also monitored via a high-speed camera (Ximea, Germany). The
thickness of the SiNP/DOTAP shell was determined from 2D cross-
section images of the droplets obtained with a ZEISS LSM 880
confocal fluorescence microscope.
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